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SUMMARY
Proteomics is the study of protein products from genes using a global approach. There 
are many techniques in biotechnology for studying proteins. Just as DNA can be separated 
on agarose based on size using DNA’s negative charge, polyacrylamide gel electrophoresis 
(PAGE) is used to separate proteins based on size. However, not all proteins have an 
overall negative charge. Sodium dodecyl sulfate (SDS) is added to protein samples,  
and with high heat the protein dentures and is coated with a negative charge. The 
proteins are visualized within the gel using stains. Some proteins are overall positively 
charged, whereas others are neutral or negatively charged. Isoelectric  focusing uses a pH 
gradient in the electrophoresis setup to separate proteins based on native charge alone. 
Two-dimensional PAGE (2D-PAGE) increases the resolving power of  
gel electrophoresis for whole cell protein extracts by separating based on native charge 
first and then on size.

Western blotting is a useful tool to identify proteins. Protein samples are subjected to 
SDS-PAGE first and then transferred to a membrane, such as nitrocellulose. The membrane 
is treated with antibodies that recognize specific epitopes on the protein of interest. A 
 secondary antibody that recognizes the primary antibody is then added to the membrane. 
The  secondary has a conjugated detection system so that the location of binding can be 
 determined, often by using chemiluminescence or chromogenic substances.

Proteins can be separated, purified, identified, and quantified using a process called high-
pressure liquid chromatography (HPLC). Proteins are dissolved in a solvent and then forced 
through a column packed with a solid material. When the sample exits the column on the 
opposite end, it is collected for further analysis. The solid material present in the column 
dictates the property of proteins used in the separation. Size exclusion chromatography uses 
a solid material containing porous beads to separate based on size. Reverse phase HPLC 
separates proteins based on the hydrophilic or hydrophobic nature. The solid material in 
ion-exchange HPLC contains charged molecules, which are then used to separate proteins 
based on charge. Affinity chromatography uses a solid material containing a molecule, such 
as an antibody, that binds to a specific protein. Changing conditions in the liquid phase 
passing over the solid phase can disrupt the association between protein and antibody, for 
example, and cause the protein to elute out of the column almost entirely together. The 
 molecules exiting the column are detected by monitoring light refraction, UV light absorption, 
or fluorescence, or are detected radiochemically or electrochemically.

Proteases are used to degrade proteins. Some proteases are specific to certain sequences, 
much like restriction enzymes specific to DNA sequences. Other proteases are less specific 
and are capable of completely digesting proteins to amino acid monomers. Proteases are 
particularly important for use in mass spectrometry (MS), which is used to measure the 
mass of ions in a sample. Since proteins are very large molecules, they must first be prepared 
by breaking them into smaller pieces for MS. In matrix-assisted laser desorption-ionization 
(MALDI), proteins are embedded onto a solid matrix and then ionized to determine  
molecular mass. In electrospray ionization (ESI), proteins are dissolved in a liquid that 
is then evaporated under high heat, which breaks apart the protein into ions. The mass 
of these ions is then determined by MS. The more futuristic surface-enhanced laser 
desorption-ionization (SELDI) relies on proteins attached to a solid metal bar, and they 
are then ionized for analysis by MS. SELDI could be used one day to detect changes 
in proteins within a droplet of body fluid. MS is sensitive enough to detect changes in 
 phosphorylation and glycosylation and has broad implications in medical testing and 
diagnosis. The multidimensional protein identification technique (MuDPIT) involves  
fragmenting a mixture of proteins, which are then identified by MS. Prior to MS, in MuDPIT, 
a 2D LC microcapillary column separated the protein fragments first by charge and then by 
size and hydrophobicity. Samples up to 3000 different proteins can be evaluated on one 
column and one MS experiment.
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Proteins can also be quantified using MS. SILAC, which is an acronym for Stable Isotope 
Labeling by Amino acids in Cell culture, uses cells that are grown with or without stable 
 isotope–labeled amino acids. Heavier isotopes increase the mass of all proteins. When the 
two samples are compared by MS, two peaks are observed. The ratio of the heavy isotope 
with the normal protein determines the change in protein level.

Additionally, variations on currently available MS techniques are used to determine the 
sequence of proteins in shorter pieces of polypeptides. The concentration of proteins can 
also be quantified by inclusion of amino acids labeled with heavy isotopes. A comparison 
of MS data yields relative changes in protein concentration between specific experimental 
conditions.

Tagging proteins with various labels is helpful in isolation and identification of specific 
proteins. Generally, the tag is fused with the gene that encodes the protein of interest so 
that they are translated together. Various tags are currently being used in research. The most 
common is the polyhistidine tag (His6X), which is made up of six tandem histidine residues. 
This tag could be attached to either the C-terminus or the N-terminus end of the protein. The 
His6X tag readily binds divalent metal ions and, therefore, is easily isolated and separated 
from a mixture of proteins through affinity chromatography. Other commonly used short 
tags include FLAG, which binds to anti-FLAG antibodies for separation, and Strep, which 
binds to avidin or streptavidin present on beads in a column. Proteins can also be tagged 
with larger molecules, such as protein A, glutathione-S-transferase (GST), and maltose-
binding protein (MBP). The separating mechanism is usually achieved through antibodies to 
the tag, binding to glutathione or maltose, respectively. Addition of a protease cleavage site 
allows the tag to be removed once the protein of interest is purified.

Phage display libraries are bacteriophage expressing foreign proteins on their outer surfaces. 
The gene for the protein of interest is fused with a gene from the bacteriophage, which then 
expresses the protein once it infects a host. These phage libraries are helpful to identify 
 proteins that bind to cell surface receptors or to specific RNA molecules.

The two-hybrid yeast system allows the study of interactions between proteins. For example, 
hormone interaction with receptors is studied using this system. In this system, the interaction 
of the two proteins elicits a response from a reporter gene that is used to monitor the  
interaction. GAL4 is a transcriptional activator that contains two domains in order to function: 
a DNA-binding domain (DBD) and an activation domain (AD). One protein of interest is 
fused to the DBD, and the second protein of interest is fused to the AD. All fusion occurs at 
the genetic level, so it is important to ensure that they are fused in frame. For transcription  
of a reporter gene to be activated, the DBD and AD must be associated. If the fused proteins 
of interest interact, they draw together the DBD and AD to form a complete GAL4, which 
then activates transcription of the reporter gene.

The two-hybrid yeast system examines protein interactions in the nucleus, but it is also  
possible to examine protein interactions in the cytoplasm using a technique called co- 
immunoprecipitation. In this technique, an antibody to a protein (or if an antibody is unavail-
able, a protein tag) is used to sequester the protein, along with anything bound to it. Analysis 
occurs via  isolation and separation using SDS-PAGE followed by MS to determine the sequence.

Protein expression can be monitored by comparing protein extracts from two different 
 conditions and then subjecting them to protein arrays. Antigen capture immunoassay uses 
antibodies bound to a solid surface. Protein samples are labeled with fluorescent dyes and 
then mixed with the array. If the protein binds to the array, it fluoresces. Multiple  conditions 
are compared using a different dye for each condition. In direct immunoassay, or reverse-
phase array, the proteins are bound to a solid surface and then probed with a specific 
fluorescentlylabeled antibody. In this experiment, multiple samples, perhaps from different 
patients, can be spotted onto the same solid support and probed simultaneously for the 
presence of a specific protein. Other protein arrays exist that eliminate the need for antibodies, 
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which can often cross-react, giving unwanted results. More recently, protein arrays have been 
used to bind small hairpin RNA molecules.

With more and more refined techniques available for the study of biological systems, it 
is becoming increasingly possible to study all of metabolism for a cell on a global scale. 
 Metabolomics describes the small molecules and intermediates of metabolism that exist 
within a system at one particular time. Since metabolism is dynamic, only snapshots of 
metabolism can be obtained through the use of nuclear magnetic resonance (NMR), MS, 
and HPLC. Since metabolites can affect the pigments, scents, flavors, and nutrient content 
of plants, studying the plant metabolome is especially prudent. These studies could enhance 
flavors and yield fresher produce.
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Complete lists of the proteins present within specific regions of cells 

are difficult to obtain and often rely on traditional mass spectrometry–

based proteomics that require high yields and purity of components 

that can actually be isolated. The authors of this paper developed a 

mapping method for specific proteomes in living cells. APEX is an 

engineered ascorbate peroxidase that is targeted to the subcellular 

compartment. APEX then tags all proteins in the surrounding area. 

The tagged proteins are then isolated and identified by MS.

APEX has been used to map the proteome of the human 

 mitochondrial matrix. The authors of this article used APEX to map 

the proteome of the mitochondrial intermembrane space (IMS). 

Labeling the IMS proteins has the potential to generate background 

results because it is possible for APEX to label some cytoplasmic 

proteins near the mitochondria. The authors developed a SILAC-

based strategy to ensure APEX labeling was specific to the IMS.

How did the authors ensure that APEX was correctly  localized 

to the IMS?

The authors genetically engineered APEX to the IMS by fusing it to 

the peptide leader sequence of an IMS native protein.  Confirmation 

of the localization was through electron microscopy.

Some of the biotinylated proteins on the imaging results 

showed a diffuse pattern that extended beyond the  mitochondria. 

What might account for this phenomenon? How did the authors 

determine which possibility was correct?

During the labeling procedures, there was a one-minute  window in 

which the biotin-phenoxyl radicals produced in the labeling  process 

diffused beyond the mitochondria. Another possibility is that the 

labeled products were able to diffuse away from the  mitochondria 

in that same one-minute window. The authors developed Western 

blot assays to determine that, likely, relocalization of biotin-labeled 

proteins and other molecules occurred rather than the diffusion of 

radicals.

The initial proteomic experiments yielded high cytosolic 

background signals. What method did the authors develop to 

map the IMS proteome with more specificity? What was the 

 outcome?

The authors developed a ratiometric approach that measured the 

ratio of biotinylation extent of two constructs: one construct inside 

the IMS (IMS-APEX) and the other on the outside of the region of 

interest (cytosolic APEX). This ratio-based process works because 

one would expect an IMS protein to be more extensively labeled 

by the IMS-APEX than by the cytosolic APEX. Three SILAC cultures  

were used: heavy culture for IMS-APEX, medium culture for 

 cytosolic APEX, and the negative control light culture containing no 

APEX. This method detected two major populations of biotinylated  

proteins. One population was enriched IMS proteins. The second 

population contained mostly nonmitochondrial proteins. These 

results were consistent with expectations.

Did the authors find any new mitochondrial proteins within 

the IMS? If so, how did they ensure these signals were not false 

positives? How did they characterize these proteins?

The results showed that 87% of the proteins identified in the 

experiment were previously identified as mitochondrial proteins. 

Sixteen proteins had no previous mitochondrial annotation and 

could either be false positive or newly discovered IMS proteins. The 

authors examined six of these proteins through fluorescence imaging 

and found overlap within the mitochondria. Three other proteins were  

investigated through Western blot analysis. Three other proteins 

were found not to be associated with the mitochondria. After  

considering the proteins with no previous mitochondria annotation, 

the authors raised the specificity of their experiment to 94%.

In terms of specificity, is it possible that IMS-APEX could 

label membrane-bound proteins that protrude into the IMS?

By using complexes with known associations to various mitochon-

drial subcompartments, the authors determined that only those proteins 

that are exposed within the IMS are detected as part of the IMS pro-

teome using their method. Additionally, the authors examined the actual 

sites of labeling on the proteins. They sequenced 47 of their 127 identi-

fied IMS proteins. Of these 47, 14 were transmembrane IMM proteins. 

This number indicates that membrane proteins are also labeled but only 

if they are exposed within the subcompartment of the organelle.

Were there any proteins of particular interest in the IMS 

 proteome that warranted further analysis? If so, which one(s)?

Yes. The authors identified and validated a total of nine newly 

 discovered mitochondrial proteins. These proteins included three that 

are associated with the endoplasmic reticulum, a lipid transporter, 

a protein involved in regulation of mitosis, an autophagy receptor, 

and proteins with unknown function. Of particular interest were the 

 proteins that associate with the endoplasmic reticulum; a protein 

called MICU1, which is involved in calcium binding and transport; and 

a protein that is dual-localized to the mitochondrial matrix and IMS.

The authors developed an interesting technique to map the pro-

teome of mitochondrial subcompartments. Their first attempt yielded 

a high number of false positive and diffuse results. In their refined 

method, the authors were able to increase the specificity and identi-

fied multiple previously annotated proteins as well as some proteins 

with no previously known mitochondrial annotation. Limitations of this 

technique include low coverage, which is likely due to stereochemistry 

and accessibility. The authors also cite the inability to determine the 

exact amino acid on the protein that is labeled by APEX and imperfect 

specificity as limitations. Lastly, dual-localized proteins are potentially 

missed with this methodology. Despite the limitations, their method 

will be a powerful tool for determining the proteomes within specific 

cellular and organelle subcompartments. Their method is performed 

in living cells and certainly has the advantage of less manipulation of 

the organelles and cells, which could produce artifacts.

Case Study  Proteomic Mapping of the human Mitochondrial 
Intermembrane Space in Live Cells via Ratiometric APeX 
tagging

Victoria hung et al. (2014). Molecular Cell 55, 332–341.
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SUMMARY

Obtaining complete protein inventories for subcellu-
lar regions is a challenge that often limits our under-
standing of cellular function, especially for regions
that are impossible to purify and are therefore
inaccessible to traditional proteomic analysis. We
recently developed a method to map proteomes in
living cells with an engineered peroxidase (APEX)
that bypasses the need for organellar purification
when applied to membrane-bound compartments;
however, it was insufficiently specific when applied
to unbounded regions that allow APEX-generated
radicals to escape. Here, we combine APEX technol-
ogy with a SILAC-based ratiometric tagging strategy
to substantially reduce unwanted background and
achieve nanometer spatial resolution. This is applied
to map the proteome of the mitochondrial inter-
membrane space (IMS), which can freely exchange
small molecules with the cytosol. Our IMS proteome
of 127 proteins has >94% specificity and includes
nine newly discovered mitochondrial proteins. This
approach will enable scientists to map proteomes
of cellular regions that were previously inaccessible.

INTRODUCTION

Cell biologists strive to obtain complete protein lists for the sub-

cellular regions they are studying, but using traditional mass

spectrometry (MS)-based proteomics, this is possible only for

cellular compartments that can be isolated in high yield and

purity. Because many cellular regions are difficult or impossible

to purify, their proteomes are unknown or incompletely known.

To address this challenge, we developed a method to map spe-

cific proteomes in living cells using an engineered ascorbate

peroxidase (APEX) (Martell et al., 2012; Rhee et al., 2013).

As shown in Figure 1A, APEX is first genetically targeted to the
332 Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc.
cellular compartment of interest. Then, upon addition of the

small molecule biotin-phenol and hydrogen peroxide (H2O2),

APEX covalently tags surrounding endogenous proteins with

the biotin-phenoxyl radical oxidation product during a 1min win-

dow. Subsequently, cells are lysed, and biotinylated proteins are

isolated with streptavidin beads and identified by MS.

Previously, we used APEX to map the proteome of the human

mitochondrial matrix (Rhee et al., 2013). In the present study, we

focused on the proteome of the mitochondrial intermembrane

space (IMS), which lies between the inner mitochondrial mem-

brane (IMM) and outer mitochondrial membrane (OMM) (Fig-

ure 1A). The IMS cannot be purified by traditional approaches

such as density centrifugation. This compartment is associated

with many essential functions, including apoptosis, protein

import and folding, and reactive oxygen species detoxification

(Herrmann and Riemer, 2010), yet it is much less well-under-

stood than the mitochondrial matrix.

In addition to its biological importance, the IMS presents a

major technical challenge for the APEX methodology. Unlike the

mitochondrial matrix, the IMS is not fully membrane-enclosed.

Although the IMM blocks the passage of APEX-generated

biotin-phenoxyl radicals into the matrix (Rhee et al., 2013),

the OMM contains porins that allow free exchange of mol-

ecules <5 kDa between the cytosol and IMS (Colombini, 1979).

Thus, IMS-targeted APEX could potentially biotinylate cytosolic

proteins outside the mitochondria, giving unwanted background

(Figure 1A). Here, we develop a stable isotope labeling by amino

acids in cell culture (SILAC)-based ratiometric tagging strategy

that effectively excludes cytosolic proteins and produces a highly

specific proteomic map of the human IMS.
RESULTS

IMS-APEX Labeling in Cells Characterized by Imaging
and Western Blotting
We targeted APEX to the IMS of HEK 293T cells by fusing it

to the 68 amino acid leader sequence of the native IMS serine

b-lactamase-like protein LACTB (Polianskyte et al., 2009) and

confirmed correct localization by electron microscopy (EM)

mailto:ating@mit.edu
http://dx.doi.org/10.1016/j.molcel.2014.06.003
http://crossmark.crossref.org/dialog/?doi=10.1016/j.molcel.2014.06.003&domain=pdf


Figure 1. APEX-Based Proteomic Mapping Scheme and Characterization of IMS-APEX Labeling

(A) Scheme. APEX (green Pac-Man) is targeted to the intermembrane space (IMS) of HEK 293T cells by genetic fusion to the leader sequence of the IMS protein

LACTB (Polianskyte et al., 2009). The IMS andmatrix subcompartments of themitochondrion are labeled in blue, in addition to the outer mitochondrial membrane

(OMM) and inner mitochondrial membrane (IMM). To initiate proteomic tagging, H2O2 is added to live cells for 1 min in the presence of biotin-phenol (red B =

biotin). APEX catalyzes the generation of biotin-phenoxyl radicals, which tag proximal endogenous proteins. Cells are then lysed, and tagged proteins are purified

with streptavidin beads and identified bymass spectrometry. Due to the porosity of the OMM (porins allow passage of molecules <5 kDa [Colombini, 1979]), IMS-

APEX can tag some cytosolic proteins outside mitochondria, giving unwanted background. This study reports a ratiometric method to eliminate this background.

The enlarged box at right shows one possible structure of the biotin-phenol adduct with a tyrosine side chain (Tyr). Other adduct structures, including with other

amino acids, are likely to be formed as well.

(B) Electron microscopic (EM) characterization of IMS-APEX localization. HEK 293T cells expressing IMS-APEX were fixed and then overlaid with a solution of

diaminobenzidine (DAB) and H2O2. APEX catalyzes the oxidation of DAB to generate a locally deposited DAB polymer (Martell et al., 2012). After staining the

polymer with electron-denseOsO4, the sample was imaged by EM. For comparison, APEX targeted to themitochondrial matrix (Rhee et al., 2013) is shown on the

right. Scale bars, 100 nm.

(C) Streptavidin blot analysis of endogenous proteins tagged by IMS-APEX. Samples were transfected with IMS-APEX or cytosolic APEX-NES (NES = nuclear

export sequence) and labeled for 1min as in (A). Afterwards, cells were lysed, run on a gel, and analyzed by streptavidin blotting (left) and Ponceau staining (right).

Negative controls are shown with biotin-phenol (BP) omitted (lanes 2 and 5) or H2O2 omitted (lanes 3 and 6). Lane 7 shows untransfected cells. The band near

80 kDa contains the endogenously biotinylated proteins 3-methylcrotonyl-CoA carboxylase and propionyl-CoA carboxylase (Chapman-Smith andCronan, 1999).

(D) Fluorescence imaging of IMS-APEX labeling in cells. HEK 293T cells were transfected with IMS-APEX, matrix-APEX, or APEX-NES and labeled live as in (A).

Cells were then fixed and stained with neutravidin to visualize biotinylated proteins and anti-V5 or anti-Flag antibody to visualize APEX localization. The anti-V5/

Flag channel is not normalized. DIC, differential interference contrast image. AF647 and AF488 are Alexa Fluor dyes. Scale bars, 20 mm.
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(Martell et al., 2012) (Figure 1B). Next, transfected cells were

labeled live with H2O2 for 1 min in the presence of preincubated

biotin-phenol, then lysed and analyzed by gel electrophoresis

and streptavidin blot to detect biotinylated proteins. Figure 1C

shows that IMS-APEX biotinylates many proteins in a banding

pattern that differs from that produced by a cytosolic APEX

variant. This suggests that IMS-APEX and cytosolic APEX tag

different endogenous proteomes, as expected.
Biotin labeling by IMS-APEX was also assessed by imaging.

After live-cell labeling for 1 min, samples were fixed and stained

with neutravidin-Alexa-Fluor-647 to visualize biotinylated pro-

teins. Figure 1D shows a diffuse biotin staining pattern that

extends well beyond mitochondria, even though IMS-APEX

is cleanly localized to mitochondria (Figures 1B and S1A). In

contrast, the localization of mitochondrial matrix-APEX overlaps

tightly with the proteins it biotinylates (Figure 1D, second row).
Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc. 333
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This suggests that, in the case of IMS-APEX labeling, either the

APEX-generated biotin-phenoxyl radicals diffuse far beyond

the OMM (through porins), and/or that molecules biotinylated

by IMS-APEX subsequently diffuse away frommitochondria dur-

ing the 1 min labeling window to give a diffuse pattern.

To distinguish between these twopossibilities, wedeveloped a

western blot assay. We harvested proteins biotinylated by IMS-

APEX using streptavidin beads and probed this enrichedmaterial

for thepresenceof both IMSandcytosolicmarkers. FiguresS1B–

S1Eshow that this protocol enriches theendogenous IMSprotein

apoptosis-inducing factor (AIF) in addition to a cotransfected IMS

marker protein (LACTB-myc-YFP). A cotransfected cytosolic

marker (mCherry-Flag-LplA) is enriched to a much lesser extent,

indicatingmuch lowerbiotinylation by IMS-APEX. In theconverse

experiment, we found that cytosol-localized APEX strongly bio-

tinylates theFlag-taggedcytosolicmarker butmuchmoreweakly

biotinylates the two IMS proteins. These results suggest that the

APEX labeling radius is indeed limited, and the diffuse neutravidin

staining observed in Figure 1D may result from relocalization

of biotin-tagged proteins and other molecules, rather than long-

range diffusion of the biotin-phenoxyl radical. To more rigorously

investigate the spatial specificity of labeling, however, we pro-

ceeded to a MS proteomic experiment.

Initial Proteomic Experiment Produces High Cytosolic
Background
For our first attempt, we used an experimental setup identical

to that of our APEX mitochondrial matrix study (Rhee et al.,

2013). The experimental samples were grown in SILAC media

(Ong et al., 2002) containing heavy isotopes of arginine and

lysine, whereas the control samples were grown in light SILAC

media (Figure S2A). More than 4,000 proteins were detected

by MS in each of two independent replicates. Protein SILAC

ratios are plotted in histograms in Figures S2D and S2E. Encour-

agingly, true positive and false positive analyses show that the

right ends of the histograms (proteins with high heavy/light, or

H/L, SILAC ratios) are enriched for known IMS proteins, whereas

the left ends (low H/L) contain predominantly nonmitochondrial

proteins.

We produced a list of 362 entries by retaining only proteins

with high H/L in both replicates (row 1 of Figure 2D). The mito-

chondrial specificity was calculated as the fraction of proteins

in this list with prior mitochondrial annotation (40%). Depth of

coverage was determined by generating a list of 75 well-estab-

lished IMS proteins (IMS gold+ list, tab 1 of Table S2) and calcu-

lating the fraction of this list present in our proteome (69%). Both

specificity and coverage values are much lower than those pre-

viously obtained in our mitochondrial matrix study (>94% and

�85%, respectively) (Rhee et al., 2013). We found that by raising

the H/L cut-off (row 2 of Figure 2D), we could increase specificity

to 58% at the expense of coverage (49%). These numbers indi-

cate that this data set cannot be used to generate an IMS prote-

ome of acceptable quality.

Examining the data more closely, we found that high H/L pro-

teins include cytosolic proteins that reside near mitochondria,

such as kinesin and microtubule-associated proteins. We inter-

pret this to mean that (1) the porosity of the OMM, as feared, per-

mits IMS-APEX-generated biotin-phenoxyl radicals to escape
334 Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc.
the IMS and biotinylate cytosolic proteins, and (2) SILAC ratio

magnitude reflects not only proximity to APEX but likely other

factors as well, such as steric accessibility and surface tyrosine

count, explaining why some detected cytosolic proteins have

higher H/L ratios than bona fide IMS proteins. Given these fac-

tors, it was necessary to develop a different approach to using

APEX for proteomic mapping with high spatial specificity.

Ratiometric APEX Tagging Yields a High-Quality IMS
Proteome
In the field of fluorescent reporters, absolute fluorescence inten-

sity in a cell can be affected by many factors other than the

specific parameter of interest (e.g., phosphorylation or Ca2+ con-

centration), such as local variations in reporter concentration

(Mehta and Zhang, 2011). To address this problem, many re-

porters are designed to be ratiometric, such that the emission

ratio of two fluorophores reads out the desired parameter and

is independent of other factors such as reporter concentration

(Grynkiewicz et al., 1985; Ting et al., 2001). We sought to apply

a similar concept to APEX tagging (Figure 2A). Instead of only

measuring the extent of a protein’s biotinylation by IMS-APEX

(via its H/L SILAC ratio), we sought to measure the ratio of its bio-

tinylation extent by two different APEX constructs: one inside the

region of interest (e.g., IMS-APEX) and one outside the region of

interest (e.g., cytosolic APEX). This ratio-based strategy would

address both of the problems described above. First, even if

biotin-phenoxyl radicals escape beyond the OMM, it should be

possible to distinguish IMS-resident proteins from cytosolic pro-

teins outside mitochondria by the ratio of their biotinylation ex-

tents by IMS-APEX versus cytoslic APEX. This is because an

IMS-resident protein should be more extensively labeled by

IMS-APEX than by cytosolic APEX, and the reverse should be

true for a cytosol-resident protein. Second, this ratio should

reflect only proximity to the IMS (or cytosol) and no other factor

such as steric accessibility because such factors should equally

affect IMS-APEX labeling and cytosolic APEX labeling of the

same protein and therefore be cancelled out.

To implement this ratiometric approach, we established three

rather than two SILAC cultures: a heavy culture (H) that was

labeled with IMS-APEX, a medium culture (M) that was labeled

with a cytosolic APEX construct (APEX-NES, where NES is a nu-

clear export signal), and a light culture (L) that was a negative

control with APEX omitted (Figure 2B). While H/L and M/L ratios

reflect biotinylation extent by IMS-APEX and APEX-NES,

respectively, the H/M ratio reflects the extent to which a protein

is preferentially biotinylated by IMS-APEX versus APEX-NES.

More than 4,800 proteins were detected by MS, each associ-

ated with three SILAC ratios: H/L, M/L, and H/M. In Figure 2C,

each detected protein is plotted by its log2(H/L) ratio (reflecting

extent of biotinylation by IMS-APEX) on the y axis and by its

log2(M/L) ratio (reflecting extent of biotinylation by APEX-NES)

on the x axis. Two major populations are visible: one with a

negative slope in the top left quadrant and one with a slightly

positive slope in the top right quadrant. The first population is

enriched in known IMS proteins (from our IMS gold+ list, tab 1

of Table S2), which are colored in green, and the second popu-

lation contains mostly proteins that lack mitochondrial annota-

tion, which are colored in red. This result is consistent with



Figure 2. Ratiometric APEX Tagging Strategy Improves Spatial Specificity and Produces a High-Quality IMS Proteome

(A) Because the OMM is permeable to molecules <5 kDa, including the biotin-phenoxyl radical, some cytosolic proteins will be tagged by IMS-APEX. However, it

is possible to distinguish IMS proteins (e.g., protein 1, represented by the black box) from cytosolic proteins (e.g., protein 2) by comparing each protein’s extent of

biotinylation by IMS-APEX (left) versus cytosolic APEX (APEX-NES) (right). For example, protein 1 should be more strongly biotinylated by IMS-APEX than by

APEX-NES, regardless of its steric accessibility or surface tyrosine count. Conversely, protein 2 should be tagged more extensively by APEX-NES than by IMS-

APEX. Red coloring represents endogenous proteins biotinylated by APEX.

(B) Three-state SILAC experimental setup. Three HEK 293T cultures were treated identically with biotin-phenol and H2O2 for 1 min, but the heavy culture ex-

pressed IMS-APEX, the medium culture expressed APEX-NES, and the light culture was untransfected. After labeling, the three lysate samples were combined

and processed together as shown. For each protein, the H/L SILAC ratio reflects the extent of its biotinylation by IMS-APEX. The M/L SILAC ratio reflects the

extent of its biotinylation by APEX-NES. The H/M SILAC ratio reflects the ratio of that protein’s biotinylation by IMS-APEX versus APEX-NES.

(C) Scatter plot showing H/L ratio plotted against M/L ratio for 99.96% of the 4,868 proteins identified by MS (inset shows all proteins, including the few with very

low SILAC ratios). Proteins previously known to be IMS-exposed are colored green in the plot (i.e., true positives, defined as members of our IMS gold+ list [tab 1

of Table S2]). Proteins without previous mitochondrial annotation are colored red (false positives). SILAC cut-offs used in row 4 of (D) are shown by the dashed

lines. See ‘‘Scatter plot analysis’’ in the Supplemental Experimental Procedures and tab 5 of Table S1 for details.

(D) Table showing IMS proteome size, specificity, and coverage derived from different data sets and different SILAC cut-offs (truncated to three significant

figures). Specificity refers to mitochondrial specificity, i.e., the percentage of the proteome that has mitochondrial annotation in GOCC (Ashburner et al., 2000),

Mitocarta (Pagliarini et al., 2008), our previous mitochondrial matrix proteome (Rhee et al., 2013), or the literature. Coverage refers to the percentage of our IMS

gold+ list (tab 1 of Table S2) that is detected in the proteome. Condition 5 (bottom row, colored blue) was used to obtain the final IMS proteome (shown in tab 1 of

Table S1). Rep1 and Rep2 are the two different replicates of the two-state SILAC experiment described in Figure S2A.
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our experimental design because the top left quadrant contains

proteins with higher H/L ratios and lower M/L ratios, i.e., high H/

M ratios, reflecting greater biotinylation by IMS-APEX than by

APEX-NES.
To filter these data and define our IMS proteome, we calcu-

lated the optimal SILAC ratio cut-offs that maximize the differ-

ence between the true positive rate and the false positive rate

(Figure S2F). Interestingly, the application of a cut-off based on
Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc. 335



Figure 3. Characterization of IMS Proteome Specificity
(A) Bar graph showing the enrichment ofmitochondrial proteins aswell as IMS-exposed proteins in the IMS proteome. The first two columns show the percentage

of proteins, in the entire human proteome and in the IMS proteome, respectively, with prior mitochondrial annotation. The second two columns show the

percentage of proteins with potential IMS exposure (IMS, IMM, or OMM annotation). *mito proteins refers to the 579 mitochondrial proteins with annotated

submitochondrial localization. See tab 4 of Table S2 for details.

(B) Subunits of the TOM/TIM/PAMmitochondrial protein import complex (Bolender et al., 2008; Gebert et al., 2011; Neupert and Herrmann, 2007) detected in the

IMS proteome (left) and in our previous mitochondrial matrix proteome (right) (Rhee et al., 2013). See tab 5 of Table S2 for details.

(C) Imaging analysis of sixmitochondrial orphans identified in this study. After transient transfection, proteins were detected by anti-V5 staining in COS-7 cells and

compared to a mitochondrial GFP marker. Regions of overlap are colored yellow in the ‘‘merge’’ row. Quantitation of overlap from R10 cells for each protein is

given beneath each image set. A positive control construct (IMS-APEX) gave 89.3% ± 6.3% mitochondrial overlap, while negative control constructs (P4HB-V5

and APEX-NES) gave 40.3% ± 9.9% and 27.0% ± 9.0%mitochondrial overlap, respectively (data not shown). Scale bars, 10 mm. Note that imaging experiments

for individual orphans were performed separately, rather than in parallel, but are shown together here. The error for each percentage is defined as one sample

standard deviation with Bessel’s correction.

(D) Western blot detection of three mitochondrial orphans identified in this study, in purified mouse liver mitochondria. WTL is whole tissue lysate. Protein

molecular weights are 110 kDa (NBR1), 65 kDa (FKBP10), and 50 kDa (CDC25C). Control blots are shown for a mitochondrial matrix protein (ATP5B, 51 kDa),

which becomes enriched as mitochondrial purity increases, and an ER protein (calreticulin, 48 kDa), which becomes de-enriched.
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H/M alone produced a list of 237 proteins whose mitochondrial

specificity was 72% andwhose coverage of known IMS proteins

was 68% (row 3 of Figure 2D). These values are already much

improved compared to those obtained using our original two-

state SILAC approach. When we filtered the data using H/L ratio

as well to exclude proteins without biotinylation signal above

background, the mitochondrial specificity increased to 80%,

and the coverage dropped by only 1% to 67%. For our final

IMS proteomic list of 127 proteins (row 5 of Figure 2D and tab

1 of Table S1), we retained proteins with high H/M from the

three-state experiment and high H/L from both replicates of

our two-state SILAC experiments. The mitochondrial specificity

of this list was 87%, and its coverage of known IMS proteins was
336 Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc.
65%. These numbers are dramatically improved compared to

those obtained with IMS-APEX labeling alone and approach

the values for our previous matrix proteome (Rhee et al., 2013).

Characterizing the Specificity of the IMS Proteome
Figure 3A shows that 87% of the proteins in the IMS proteome

have prior mitochondrial annotation. Sixteen proteins, or 13%,

do not have previous connections to mitochondria (mitochon-

drial ‘‘orphans’’ in tab 2 of Table S2). These could be false pos-

itives or newly discoveredmitochondrial proteins. We performed

fluorescence imaging of six of these proteins and observed

partial or complete overlap with a mitochondrial GFP marker

(Figure 3C). Three additional proteins were detected by western
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blot analysis of purified mouse mitochondria (Figure 3D). These

data raise the actual mitochondrial specificity of the IMS prote-

ome from 87% to 94%. Notably, we also performed imaging

and/or western blot analysis of three additional mitochondrial

orphans (RCN2, P4HB, and CCSMST1) but did not obtain evi-

dence of mitochondrial localization. These proteins could repre-

sent erroneous detections, or they could be present in such low

amounts in mitochondria that our assays do not have sufficient

sensitivity to detect them.

To analyze the specificity of the proteomic list for IMS proteins

in particular, as opposed to proteins in other regions of mito-

chondria, we first considered the fact that IMS-APEX could

potentially tag any IMS-exposed protein, including OMM

and IMM proteins. We therefore calculated the fraction of pro-

teins in the IMS proteome with IMS, OMM, or IMM annotation

as opposed to matrix annotation. This was 99%, compared to

74% for all mitochondrial proteins that have submitochondrial

annotation (Figure 3A). Our IMS proteome is therefore enriched

in potentially IMS-exposed proteins.

We also analyzed IMS specificity by examining the com-

ponents of the TOM/TIM/PAM mitochondrial protein import

complex, whose subunits span multiple mitochondrial subcom-

partments (Bolender et al., 2008; Gebert et al., 2011; Neupert

and Herrmann, 2007). Figure 3B shows that only IMS-exposed

subunits of this complex are detected in the IMS proteome.

This is strikingly complementary to our detection of matrix-

exposed subunits in our previous matrix proteome (Rhee et al.,

2013). We performed a similar analysis of Complexes I–V of the

electron transport chain (Figure S3A). Most of the subunits we

detected in the IMS proteome are known to be IMS-exposed.

One exception was F6 of Complex V (ATP synthase), which

was highly enriched in the IMS proteome and absent from our

previousmatrix proteome (Rhee et al., 2013). Follow-up EManal-

ysis (Figure S3B) showed F6-APEX2 staining in the matrix only,

suggesting that our detection of endogenous F6 in the IMS is

erroneous or a small population of F6 exists in the IMS that is

not visible by EM.

Finally, IMS specificity can be examined via the biotinylated

peptides that we detected, which reveal the exact site of labeling

by the biotin-phenoxyl radical. Such peptides were identified

and sequenced for 47 of our 127 IMS proteins (tab 3 of Table

S1). Of these 47 proteins, 14 are transmembrane IMM proteins

with known or predicted topologies. The 24 biotinylated peptides

derived from these 14 proteins all map to IMS-exposed rather

than matrix-exposed regions (column S in tab 3 of Table S1).

Three of these 14 transmembrane IMM proteins (APC1,

NDUFB6, and UQCRQ) had biotinylated peptides detected

in the matrix proteomic experiment as well (Rhee et al., 2013)

(column T in tab 3 of Table S1). The three sites biotinylated by

matrix-APEX map exclusively to matrix-exposed sides (Fig-

ure S3C). Our observations reinforce the notion that biotin-phe-

noxyl radicals do not cross the IMM and suggest that APEX

labeling can be used to help unravel the topology of membrane

proteins within living cells.

Analysis of Specific Proteins within the IMS Proteome
The IMS proteome provides insights and raises numerous hy-

potheses, particularly when combined with our previous mito-
chondrial matrix proteome. First, as described above, we have

identified nine newly discovered mitochondrial proteins that

we validated by imaging or western blotting. These include

three endoplasmic reticulum (ER)-associated proteins (FKBP10,

MGST3, and STX17), a lipid transport protein (APOO), a

mitotic regulator (CDC25C), an autophagy receptor (NBR1), and

three proteins of unknown function (A8MTT3, C1orf163, and

CCDC127). We were especially intrigued by the ER-annotated

proteins because of the great interest in mitochondria-ER

communication and contact sites (Kornmann and Walter, 2010).

One of our mitochondrial orphans, syntaxin 17 (Stx17), is a trans-

membrane SNARE-type protein that has been observed at mito-

chondria-ER contact sites during autophagy (Hamasaki et al.,

2013). However, its localization under basal conditions is unclear.

Hamasaki et al. observed Stx17 solely on ERmembranes (Hama-

saki et al., 2013), but Itakura et al. reported cytosolic and mito-

chondrial pools as well (Itakura et al., 2012). To further examine

the localizationof Stx17and reconcile our datawithprevious liter-

ature, we performed EM imaging of an APEX2 (S.S. Lam, J.D.

Martell, and A.Y.T., unpublished data) fusion to Stx17. DAB stain

was clearly observed on the OMM facing the cytosol and at mito-

chondria-ER contact sites (Figure 4A). This result supports partial

mitochondrial localization of Stx17, with the loop between trans-

membrane domains contacting the IMS, as shown in Figure 4B.

Second, the IMS proteome gives insight into mitochondrial

proteins whose submitochondrial localizations are unknown or

under debate. For example, our data indicate that 21 proteins

without prior submitochondrial localization data have IMS-

exposed regions (tab 3 of Table S2). Furthermore, our data

shed light on MICU1, a calcium-binding protein that regulates

the function of the mitochondrial calcium uniporter (MCU), the

channel in the IMM that allows mitochondria to uptake calcium

from the cytosol (Perocchi et al., 2010). Themechanism bywhich

MICU1 regulates MCU is unclear partly because of conflicting

evidence regarding MICU1’s submitochondrial localization.

One study used protease accessibility assays on purified mito-

chondria to show that MICU1 resides in the IMS (Csordás

et al., 2013), where it is able to sense changes in cytosolic

Ca2+ levels. However, another study used live cell fluorescence

imaging to conclude that MICU1 resides in the matrix (Hoffman

et al., 2013), which is shielded from cytosolic Ca2+ changes by

the IMM. Mallilankaraman et al. have proposed a mechanistic

model for MICU1 regulation that relies on its residence in thema-

trix (Mallilankaraman et al., 2012), and this model conflicts with

that of Csordás et al., which assumes that MICU1 resides in

the IMS (Csordás et al., 2013). These differing conclusions reflect

the imperfect nature of the assays used to determine MICU1

submitochondrial localization. For example, these assays can

be affected by lysis of purified mitochondria or overexpression

and tag interference with MICU1 function.

In contrast, our proteomic data report on endogenous,

untagged proteins in intact mitochondria within living cells.

MICU1 was detected in our IMS proteome, but not in our matrix

proteome (Rhee et al., 2013) (Figure 4C). Interestingly, MICU2,

a related protein with nonredundant function (Kamer and

Mootha, 2014), was also detected in the IMS proteome but

not in the matrix proteome (Rhee et al., 2013). Therefore, the

IMS and matrix proteomic data together are consistent with
Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc. 337



Figure 4. Localization Analysis of Stx17 and MICU1

(A) EM imaging of syntaxin 17 (Stx17) with an APEX2 tag (S.S. Lam, J.D. Martell, and A.Y.T., unpublished data) fused to its N terminus. HEK 293T were transduced

with APEX2-Stx17 lentivirus, then processed as in Figure 1B. DAB staining (arrowheads) is observed at junctions between mitochondria (M) and endoplasmic

reticulum (ER) tubules. Scale bars, 200 nm.

(B) Cartoon illustrating possible arrangement of Stx17 molecules at starred mitochondria-ER contact site in (A). Stx17 is a SNARE-type protein with two

transmembrane domains and N and C termini that face the cytosol (Itakura et al., 2012). Based on the DAB staining pattern in (A), we propose that Stx17 resides in

both OMM and ERmembranes with its N terminus facing the cytosol. For the OMM pool, the hairpin loop joining the two transmembrane domains would contact

the IMS, explaining the detection of Stx17 in our IMS proteome.

(C) Known components of themitochondrial calcium uniporter (MCU) complex are depicted at left (Sancak et al., 2013). In the table at right, for each protein of this

complex, the corresponding IMS proteome (three-state experiment) and matrix proteome (replicate 1) SILAC values are listed. n.d. indicates not detected. Gray-

shaded values were below the cut-offs for inclusion in IMS or matrix proteomes. Red-shaded values were above the cut-offs for inclusion in the IMS proteome.

See tab 7 of Table S2 for details.
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MICU1 and MICU2 localization in the IMS. These observations

will help to develop a mechanistic model for its regulatory

behavior.

Third, a set of hypotheses emergewhenwe cross our IMS pro-

teome with our previous matrix proteome (Rhee et al., 2013).

As discussed above, APEX-generated biotin-phenoxyl radicals

do not cross the IMM. Hence, a protein that is detected in both

the IMS and matrix proteomes is likely to be either a dual-local-

ized protein or a transmembrane IMM protein. Thirty-three pro-

teins were found in both proteomic lists (tab 6 of Table S2),

and of these, 19 are known to be transmembrane IMM proteins

(e.g., SCO1 [Horng et al., 2005] and LETM1 [Tamai et al., 2008]).

One protein, HSPE1, is known to be dual-localized (Samali et al.,

1999). The remaining 13 proteins are potentially undescribed

transmembrane IMM or IMS/matrix dual-localized proteins that

warrant further investigation.

DISCUSSION

APEX is a powerful technology for tagging endogenous pro-

teomes in living cells, but amajor question raised by our previous

study, which mapped the mitochondrial matrix proteome (Rhee
338 Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc.
et al., 2013), is whether or not this method has the spatial spec-

ificity to map cellular regions that are not membrane-enclosed.

We have addressed this question by mapping the proteome of

the mitochondrial IMS. Unlike the matrix, the IMS is ‘‘leaky’’

because the outer mitochondrial membrane contains porins

that allow free passage of molecules <5 kDa in size (Colombini,

1979). APEX-generated biotin-phenoxyl radicals (0.362 kDa)

could thus potentially diffuse out of the IMS to give unwanted

tagging of cytosolic proteins.

In this study, we showed that the original approach cannot

produce a sufficiently specific map of the IMS because APEX-

generated radicals tag cytosolic proteins just outside mitochon-

dria and produce significant background signal. Therefore, we

developed a different methodology based on ratiometric tagging

of endogenous proteins by APEX in the IMS versus APEX in the

cytosol, followed by data filtering based on ratio magnitude. This

approach was able to produce a high-quality IMS proteome of

127 proteins with >94% specificity and 65% coverage. We

note that our ratiometric approach has some resemblance to

previous approaches (Dunkley et al., 2004; Foster et al., 2006)

used to improve specificity of proteomic mapping of purified

ER and Golgi.



Molecular Cell

Human Mitochondrial Intermembrane Space Proteome
Though demonstrated only for the IMS here, we expect the

ratiometric APEX tagging approach to be generalizable to other

cellular regions as well. This technique should always be used

with a quantitative proteomic method such as SILAC or iTRAQ

(isobaric tag for relative and absolute quantitation). Our study

shows that although biotin-phenoxyl radical concentrations fall

off rapidly, proteins that are tens to hundreds of nanometers

away (e.g., beyond the OMM, which is �5 nm thick) may still

be detectably biotinylated; hence, in the absence of an imperme-

able membrane barrier, the mere presence of a biotin label is

not evidence of close proximity to APEX. The ratio of two exper-

imental samples, one with APEX in the region or macromolecular

complex of interest, and the other with APEX outside the region

or complex (as we did here, with IMS-APEX and APEX-NES),

best reflects proximity to APEX.

The methodology has some important limitations. One is that

coverage is not high. We suspect that the main factor limiting

coverage is steric accessibility of modifiable amino acid side

chains (e.g., tyrosine) to the biotin-phenoxyl radical. Since label-

ing is performed in live cells, macromolecular complexes are still

intact, which will fundamentally limit the accessibility of sterically

hindered proteins to the biotin probe. We are also interested in

exploring new labeling chemistries that can target a broader

array of side chains.

Second, because the APEX radical chemistry results in chem-

ically heterogeneous adducts of unknown masses, we currently

have limited ability to determine the exact residues tagged by the

biotin-phenol probe. This information could have great value, for

instance for determining the topology of membrane proteins. Im-

provements in the labeling chemistry and development of pep-

tide-enrichment strategies should allow us to map biotinylation

sites much more extensively than is currently possible.

A third limitation to the method is that specificity, though high

in this case, is not perfect. For our IMS proteome, seven proteins

were identified that we and others could not validate as true

mitochondrial proteins. They may be present in the IMS in very

low amounts. Alternatively, since five of these are known to

be ER or secretory pathway proteins (RCN2, P4HB, NUCB2,

TXNDC12, and LAMC1), and the IMS and ER may be physically

linked (Chandra et al., 1998), perhaps biotin-phenoxyl radicals

generated in the IMS leak into the ER to tag endogenous proteins

there. Our ratiometric SILAC experiment with APEX-NES would

not have excluded this background, but a future experiment

with IMS-APEX labeling ratioed against APEX-ER labeling

should be able to.

Finally, our approach has the problem of potentially missing

dual-localized proteins. For example, a protein that has both

an IMS and a cytosolic population would be filtered out based

on lowH/M ratio.We did generate a separate table of 33 proteins

that have high H/L ratios, but only moderate H/M ratios (tab 2

of Table S1); however, these would need to be screened one

by one to determine if both IMS and cytosolic pools truly exist

(or if they are transmembrane OMM proteins).

Recently, Vögtle et al. mapped the proteome of the yeast IMS

by a different approach (Vögtle et al., 2012). Purified mitochon-

dria were treated with the apoptotic factor Bax to trigger perme-

abilization of the outer mitochondrial membrane. SILAC was

then used to determine which IMS proteins were lost following
this treatment. Compared to our approach, the main disadvan-

tages are the reliance on purified mitochondria (which can

introduce artifacts, such as the background efflux of matrix

proteins observed over time in this study), the lack of detection

of membrane-associated proteins that do not dissociate after

Bax treatment (for example, an analogous study on mammalian

mitochondria would fail to detect MICU1 because it remains

tightly associated with MCU in the IMM [Sancak et al., 2013]),

and the inability to generalize the approach to species that do

not utilize Bax-type signaling. Correspondingly, their IMS prote-

ome of 49 proteins is considerably smaller than our IMS prote-

ome of 127 proteins. Of their 49 yeast proteins, 35 have human

orthologs. Of these, 18 were detected in our IMS proteome

(column Y in tab 1 of Table S1). For the 17 proteins we did not

detect, two are not expressed in HEK 293T (Sultan et al.,

2008), and three are likely to be expressed at very low levels

(Beck et al., 2011; Sultan et al., 2008). The others may be unde-

tected because they are sterically shielded from biotinylation in

the context of living cells, or they are not localized to the IMS

in human cells.

The human IMS proteome produced by this study should

have value for mitochondrial biologists. We identified 16 proteins

not previously associated with mitochondria and confirmed by

follow-up imaging and western blotting of purified mitochondria

that nine are indeed mitochondrial (Figures 3C and 3D). One of

these, Stx17, was observed by EM imaging to at mitochondria-

ER contact sites (Figure 4A). In addition, we assigned 21 mito-

chondrial proteins not previously known to be IMS-localized to

the IMS (tab 3 of Table S2). Finally, our data suggest that a key

regulator of mitochondrial calcium uptake, MICU1, resides in

the IMS (Figure 4C). Our detection of endogenous MICU1 in the

IMS helps to explain how it responds to cytosolic calcium levels

to control the activity of themitochondrial calciumuniporterMCU.

From a methodological perspective, our study establishes

that APEX can be used to map cellular proteomes, even in the

absence of a tight membrane barrier, with a spatial resolution

on the order of �5 nm (the distance between proteins inside

the IMS and proteins just outside the OMM). With the ratiometric

tagging approach, it will be interesting and valuable in future

studies to map cellular proteomes that are even less understood

and more challenging than the IMS, such as the outer mitochon-

drial membrane and mitochondria-ER contact sites.

EXPERIMENTAL PROCEDURES

SILAC Labeling and Biotinylation of the IMS Proteome

Figure S2A and Figure 2B show the experimental configurations for the two-

state and three-state SILAC experiments, respectively. On day 0, early pas-

sage HEK 293T cells were seeded into three T25 flasks and cultured in SILAC

media to metabolically label their proteomes with heavy, medium, or light iso-

topes of lysine and arginine (Ong et al., 2002). The media consisted of different

isotopes of L-arginine and L-lysine in 10%dialyzed fetal bovine serum (Sigma),

penicillin, streptomycin, glutamine, and 4.5 g/l glucose in DMEM (Caisson Lab-

oratories). The first flask was cultured in light SILAC media, which contained

L-arginine (Arg0) and L-lysine (Lys0) (Sigma). The second flask was cultured

in heavy SILAC media, which contained L-arginine-13C6,
15N4 (Arg10) and L-

lysine-13C6,
15N2 (Lys8) (Sigma). The third flask was cultured in medium SILAC

media, which contained L-arginine [13C6]HCl (Arg6) and L-lysine-4,4,5,5-d4

(Lys4) (Sigma). The cells were split into fresh SILACmedia every 2 days before

they became fully confluent. On day 4, the cultures were expanded into T75
Molecular Cell 55, 332–341, July 17, 2014 ª2014 Elsevier Inc. 339
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flasks. After two more passages, the cultures were expanded into T150 flasks

on day 10 as follows: three T150 flasks in heavy SILAC media (labeled H1, H2,

and H3), one T150 flask in medium SILAC media (labeled M3), and four T150

flasks in light SILAC media (labeled L1, L2, L3, and L4).

On day 11, the H1, H2, H3, L2, L3, and L4 cultures were transfected with

15 mg IMS-APEX plasmid using 120 ml Lipofectamine 2000 (Invitrogen)

in 30 ml heavy or light DMEM without serum or antibiotics. The M3 flask was

similarly transfected with 15 mg APEX-NES using medium DMEM. After 4 hr,

the transfection solution was replaced with fresh SILAC media, and the cells

were allowed to recover for 24 hr.

Cells were labeled on day 12. The H1, H2, M3, L1, L3, and L4 cultures were

incubated with 500 mM biotin-phenol in 40 ml SILAC media for 30 min at 37�C.
Then, H2O2 was added to a final concentration of 1 mM for 1 min at room

temperature, after which the probe/H2O2 solution was replaced with 15 ml

of ‘‘quencher solution’’ (10 mM sodium ascorbate, 10 mM sodium azide,

and 5 mM Trolox in Dulbecco’s Phosphate Buffered Saline [DPBS]). All sam-

ples, including the L2 flask (negative control with biotin-phenol and H2O2

omitted), were washed twice with the quencher solution, twice with DPBS,

and once more with the quencher solution. Each wash volume was 15 ml.

The cells were then collected in 5 ml of quencher solution by gentle pipetting

and pelleted at 500 3 g for 3 min at room temperature. After discarding the

supernatant, the cell pellet was stored at �80�C overnight.

Cell pellets were thawed on ice and then lysed with 800 ml of freshly-pre-

pared, ice-cold RIPA lysis buffer (50 mM Tris-HCl [pH 7.4], 150 mM NaCl,

0.1% SDS, 0.5% sodium deoxycholate, 1% Triton X-100, 13 protease inhib-

itor cocktail (Sigma Aldrich catalog no. P8849), 1 mM PMSF (phenylmethylsu-

fonyl fluoride), 10 mM sodium azide, 10 mM sodium ascorbate, and 5 mM

Trolox) by gentle pipetting. The lysates were centrifuged at 13,000 rpm for

10 min at 4�C, and the protein concentrations of the clarified lysates were

measured using a Pierce 660 nm Protein Assay kit, with freshly made bovine

serum albumin solutions as standards.

Streptavidin Enrichment and Elution of Biotinylated Proteins

The table under ‘‘In-gel digestion of biotinylated proteins, extraction, liquid

chromatography, and mass spectrometry’’ in the Supplemental Experimental

Procedures summarizes how the lysates for each SILAC culture were com-

bined. The two-state Replicate 1 sample consisted of H1 and L1 mixed in a

1:1 ratio (by protein concentration). The two-state Replicate 2 sample con-

sisted of H2 and L2 mixed in a 1:1 ratio. The three-state sample consisted of

H3, M3, and L3 mixed in a 1:1:1 ratio. Each sample had a total of at least

2.6 mg protein (at 2–4 mg/ml protein concentration). In addition, L4 lysate

was spiked in at 5% (by protein concentration) to each sample to facilitate

quantitation of isotope ratios.

Streptavidin-coated magnetic beads (Pierce) were washed twice with RIPA

lysis buffer. Each sample wasmixedwith 500 ml of streptavidin bead slurry. The

suspensions were gently rotated at room temperature for 1 hr to bind bio-

tinylated proteins. The flowthrough after enrichment was removed and stored

at 4�C, and the beads were washed with 23 1 ml RIPA lysis buffer, 1 ml of 2 M

urea in 10 mM Tris-HCl (pH 8.0), and again with 2 3 1 ml RIPA lysis buffer.

These denaturing washes are important to disrupt protein-protein interactions

and ensure enrichment only of proteins directly biotinylated by APEX. Bio-

tinylated proteins were then eluted by heating the beads at 95�C for 5 min in

60 ml 13 NuPAGE LDS Sample Buffer (Invitrogen) supplemented with

20 mM DTT and 2 mM biotin. A second round of enrichment was completed

on the flowthrough from the three-state SILAC experiment (following the

same protocol) because the first round of enrichment did not yield sufficient

protein.

Further processing of the biotinylated proteins for mass spectrometry and

all other experimental procedures are described in the Supplemental Experi-

mental Procedures.
SUPPLEMENTAL INFORMATION

Supplemental Information includes Supplemental Experimental Procedures,

three figures, and two tables and can be found with this article online at

http://dx.doi.org/10.1016/j.molcel.2014.06.003.
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